Fundamentals of Laser-Based Hydrogel Degradation and Applications in Cell and
Tissue Engineering
Shantanu Pradhan1, Keely A. Keller1, John L. Sperduto1, John H. Slater1,2,3,*
1

Dr. S. Pradhan, K. A. Keller, J. L. Sperduto, Prof. J. H. Slater
Department of Biomedical Engineering
University of Delaware
150 Academy Street
161 Colburn Lab
Newark DE 19716, USA
E-mail: jhslater@udel.edu
2

Prof. J. H. Slater
Delaware Biotechnology Institute
15 Innovation Way
Newark, DE 19711, USA
3

Prof. J. H. Slater
Department of Materials Science and Engineering
University of Delaware
201 DuPont Hall
Newark, DE 19716, USA
*Corresponding Author

Abstract
The cell and tissue engineering fields have profited immensely through the implementation of
highly-structured biomaterials. The development and implementation of advanced
biofabrication techniques has established new avenues for generating biomimetic scaffolds
for a multitude of cell and tissue engineering applications. Among these, laser-based
degradation of biomaterials has been implemented to achieve user-directed features and
functionalities within biomimetic scaffolds. This review offers an overview of the physical
mechanisms that govern laser-material interactions and specifically, laser-hydrogel
interactions. The influence of both laser and material properties on efficient, high-resolution
hydrogel degradation are discussed and the current application space in cell and tissue
engineering is reviewed. This review aims to acquaint readers with the capability and uses of
laser-based degradation of biomaterials, so that it may be easily and widely adopted.
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1. Introduction
The rational design, development, and implementation of highly structured biomaterials for
cell and tissue engineering applications has gained tremendous interest in the past few
decades. Advances in biofabrication techniques have enabled chemical and physical
manipulation of biomaterials across a broad size range, from subcellular to the tissue level, to
spatially tailor biomaterial properties for desired applications.[1,2] The implementation of
molecular design and materials science principles have enabled nano- to macro-scale
engineering of cell-material interfaces, tissue constructs, and acellular platforms.[3,4]
Engineered cell-matrix and cell-cell interactions, and hierarchical modulation of
mechanical/structural properties of materials have facilitated recapitulation of tissue level
features and function.[5–7] Key considerations in the fabrication of tissue-engineered platforms
include vascularization for adequate transport of oxygen and metabolites, control over matrix
architecture via regulation of porosity and mechanical properties, presentation of biological
signaling motifs, and microenvironmental control of cell-cell and cell-matrix interactions.[8,9]
A common goal of these engineered tissue constructs is to spatially influence the function of
several cell types, often with the ability to generate constructs with heterogeneous properties
and in many cases, with temporal control over these properties.[10,11]
A multitude of biofabrication techniques have been developed and implemented to generate
biomimetic, tissue-engineered constructs including three-dimensional (3D) printing,[12,13]
stereolithography,[1] multiphoton lithography,[1,14] direct-write assembly,[15] sacrificial
micromolding,[16,17] emulsification,[18,19] and microfluidic chip-based fabrication[20,21]
amongst others. These techniques provide direct control over a broad range of parameters
including microarchitecture, matrix mechanical properties, bioactive ligand presentation,
porosity, and overall scalability that ultimately influence cell viability, metabolic activity, and
tissue-level function. While many advanced fabrication techniques exist, each approach has
its own advantages and limitations that restrict their universal implementation for all
applications.
Laser-based degradation of hydrogels, biomaterials, and other soft interfaces has started
gaining attention as a technique for obtaining high-resolution control over user-defined
architectures within 3D tissue constructs and acellular platforms (Fig. 1). Laser-based
degradation and similar techniques (direct-writing, ablation, micromachining) have been
implemented for topographical patterning of two-dimensional (2D) interfaces,[22,23]
modification of material surface properties,[24,25] and for laser-based surgery.[26,27] Laserbased degradation has facilitated fabrication of biomaterials for many emerging applications
including
engineered
cellular
microenvironments,[28,29]
regulating
cell-matrix
interactions,[30,31] structuring tissue scaffolds,[32,33] fabrication of hydrogel-embedded
microfluidic networks,[34–36] and drug delivery.[37] A wide range of both synthetic and natural
materials including glass,[23] poly(ethylene terephthalate) (PET),[38] poly(methyl
methacrylate) (PMMA),[39] polyimide,[39] poly(dimethyl sulfoxide) (PDMS),[40] poly(ethylene
glycol) (PEG),[34,35] collagen,[41] agar/agarose,[22,42,43] hyaluronic acid[44] and silk[29,45] are
amenable to manipulation via laser-based degradation thereby establishing this technique as
suitable for a broad range of applications from fundamental cell studies to fabrication of
vascularized, tissue-engineered constructs (Fig. 1B-D).[46,47]
This article is protected by copyright. All rights reserved.
2

In this two-part review, we focus on laser-based degradation of polymeric hydrogels
commonly used in cell and tissue engineering applications. In the first part, we introduce and
discuss laser features and the mechanisms that govern laser-based hydrogel degradation. To
provide readers with a basic understanding of achievable resolution and degradation
efficiency, we divide the most commonly used hydrogels into three broad categories based on
the dominant degradation mechanism at play: (1) synthetic hydrogels with low two-photon
absorption, (2) protein-based hydrogels with high two-photon absorption, and (3) hydrogels
containing engineered photolabile groups. In the second part, we review recent applications
of laser-based hydrogel degradation in cell and tissue engineering applications and discuss
the technical limitations and potential applications of this fabrication technique. Overall, this
review aims to acquaint readers with the capability, limitations, and potential uses of laserbased degradation of biomaterials, so that it may be easily and widely adopted for these
applications.

Figure 1. Overview of laser-based degradation in literature. A) There has been a steady increase in
the number of publications involving laser-based degradation of hydrogels and biomaterials over the
past two decades. B) Trends in the use of different biomaterials manipulated via laser-based
degradation. C) Categorization of publications based on biomaterial type and D) application. The
graphs represent: (A, B) the number of publications or (C, D) percentages, that contain the terms
“laser degradation”, “laser structuring”, “laser micropatterning”, “laser ablation”, “hydrogels”, and
“scaffolds” from searches using NCBI Pubmed, Google Scholar, and the ISI Web of Knowledge.

PART 1: Fundamentals of Laser-Based Hydrogel Degradation
2. Physical Principles and Mechanisms of Laser-Based Hydrogel Degradation
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To implement laser-based hydrogel degradation, it is useful to possess knowledge of the
fundamental laser-material interactions that occur, as well as the various degradation
mechanisms that exist, as both influence the process efficiency and achievable resolution.
Unfortunately, thorough experimentation independently investigating the influences of each
laser parameter and characteristics of soft polymers/hydrogels does not currently exist. To
cope with this lack of experimental data, we discuss the theoretical aspects of laser-hydrogel
interactions that have been determined in the context of laser-tissue interactions for laserbased surgery.[48–50] Since hydrated tissue is analogous to polymeric hydrogels in many ways,
the degradation mechanisms that govern laser surgery can be helpful in understanding
hydrogel degradation. We describe the characteristics of common lasers used for hydrogel
degradation, the various modes of degradation that dominate based on laser properties and
hydrogel composition, and the parameters that govern resolution and degradation efficiency.
Equipped with this knowledge, readers will have the necessary background to successfully
implement laser-based hydrogel degradation for desired applications.
2.1 Considerations for Laser Sources and Optical Systems
To implement laser-based hydrogel degradation for biofabrication, it is important to have a
working knowledge of the laser operating parameters including the laser power, intensity,
fluence, scan speed, repetition rate, and focal volume defined by the objective lens used for
focusing. This information is necessary for choosing the appropriate laser source to
efficiently degrade features with a desired resolution in different hydrogel compositions.
Optimization and tuning of both the laser parameters and hydrogel composition allows users
to efficiently degrade desired features, while also reducing the time and labor involved.
Accordingly, some of the key parameters to keep in mind when comparing and selecting laser
sources are discussed below.
Lasers can be classified into two general categories, continuous wave and pulsed, the main
difference being the time scale over which energy is delivered to the focal volume.
Continuous wave lasers output a constant optical power with minimal to no deviation from
the average power whereas pulsed lasers deliver energy in discrete, high power pulses at a
constant frequency or pulse rate with instantaneous power that deviates substantially from the
average value. Continuous wave lasers are easily characterized by directly measuring the
power output (P: Watts (W)) or the intensity of the laser beam (I: W.cm-2) (power output per
unit cross-sectional area). For pulsed lasers, these power and intensity measurements are
often temporal averages (PAVG and IAVG) (owing to discretization of energy delivery), which
are useful in comparing lasers but do not provide information concerning the way energy is
delivered. Hence, the pulse duration (t: s) and pulse frequency (f: Hz) must be considered as
these properties influence the peak power and intensity achieved which subsequently
influences the mechanisms dominating material degradation.
Pulse durations can vary from ultrashort pulses (femtoseconds, 10-15 s) to longer pulses
(milliseconds, 10-3 s). Similarly, the pulse frequency can vary across a wide range from high
frequency (MHz pulses, 106 pulses.s-1) to low frequency (kHz pulses, 103 pulses.s-1). The
peak power and peak intensity achieved during each pulse can be orders of magnitude higher
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than the average power and average intensity measured and the peak values depend on both
the pulse duration and frequency (Fig. 2). To account for this, the peak power (PPEAK: W),
peak intensity (IPEAK: W.cm-2), and fluence (F: J.cm-2) are used to characterize pulsed lasers.
Based on the assumption of a square-wave pulse, these metrics can be calculated from the
measured average power using the following equations:
VG

E=

(1)

f

Where E is the pulse energy (energy delivered per pulse: J), PAVG is the measured average
power, and f is the pulse frequency. The pulse energy, E, is also described by the following
equation:
E=

t

E K

(2)

Where PPEAK is the peak power achieved during each pulse and t is the pulse duration. From
the above relations, the peak power (PPEAK) can be determined as:
VG

E K=

(3)

f t

Thus, the peak power for each pulse can be calculated by measuring the average power and
knowing the pulse frequency (f) and pulse duration (t).
Once peak power is obtained, the peak intensity (IPEAK) can be calculated using the area of
the focused beam (AFB: cm2) from the following equations:
I

E K

E K

=

(4)

F

The area of the focused beam can be estimated from the Airy disk:[48]
F

=

d2

(5)

4

d = 1 22

(6)

N

where d is the diameter of the focused beam,
the numerical aperture of the objective.

is the wavelength of incident beam, and NA is

The laser fluence (F: J.cm-2), energy delivered per unit area, can be determined using the
following equation:
F=I

VG

t

(7)

The peak fluence (FPEAK: J.cm-2) per pulse can be derived from this relation:
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F

E K=

E K

t

(8)

F

An important consideration is the location in the beam path where the power measurement is
acquired. The laser power can be measured at any location in the beam path, but substantial
losses can occur between the laser source and the sample. For example, a commercially
available laser-scanning confocal microscope equipped with a femtosecond pulsed laser that
has an average power output of 3.8 W at the source is reduced to 0.612 W at the back
aperture of the objective indicating an 84% loss in power in the optical path.[34] Though many
studies report the rated power of the laser source, accounting for optical losses and
determination of the power delivered to the sample is of critical importance. The best
recommended practice is to measure the average power at the focal plane of the objective
using a microscope slide sensor (if power losses through the objective are significant).
The resolution achievable during hydrogel degradation is influenced by a number of
parameters including the numerical aperture (NA) and focusing angle which also influence
the working distance. The objective NA is dependent on the refractive index of the medium
between the lens and the sample (n) and the focusing half angle (θ) through the following
relation:
N = n*sinθ

(9)

Additionally, the focal volume excited assumes the shape of an ellipsoid with a short axis d
(given by equation 6 above) and a long axis l (given by equation 10 below):[48]
l= d

1-cosθ
√(3-2cosθ-cos2θ)

(10)

Objectives with a higher NA have an increased focusing angle which typically results in a
reduced working distance, which limits the distance from the hydrogel surface to which
features can be degraded. An increase in the focusing angle results in a reduced focal volume,
higher plasma energy density, increased absorption of energy, and therefore enhanced
photodegradation and higher resolution.[51–53] There is a tradeoff between obtaining a
maximum range of depth, desired resolution, and efficient degradation. These limitations can
be partially mitigated by using a high refractive index medium, for example, a waterimmersion objective (n = 1.33) instead of an air objective (n = 1.00). A 20X(NA 1.0) waterimmersion objective allowed 200×15×15 μm rectangular channels to be degraded in EG
hydrogels at depths up to 1500 μm from the gel surface.[34] In another study, a 10X(NA 0.3)
objective allowed degradation of 30 μm wide lines in silk hydrogels at a depth of 6 cm from
the surface.[29] Careful selection of the objective determines the resolution achievable, depth
of degradation possible, and degradation efficiency.
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Other important aspects that mediate degradation efficiency are the repetition rate and scan
speed of the pulsed laser. The repetition rate refers to the frequency of the laser pulses while
the scan speed refers to the speed of relative displacement between the focal volume and the
sample. Both parameters determine the amount of energy deposited within the focal volume
and therefore influence the degree of degradation that occurs. A higher repetition rate or a
slower scan speed at a given power and pulse duration induce a higher degree of
photodisruption. The extent of degradation of PEG-based hydrogels can be controlled by
varying the laser scan speed .[34] Varying the amount of energy delivered via the scan speed
allowed for local control over the hydrogel pore size which was used to generate a hydrogelembedded microfluidic channel with a linear gradient in pore size for biomolecule
separation.[34]
While several metrics (average and peak power, intensity, and fluence) are used to
characterize lasers, it is also important to identify the energy delivery profile for each system,
which subsequently influences the degradation mechanisms at play and ultimately, the
achievable resolution and degradation efficiency. As an example, we present theoretical data
for three different laser sources (continuous wave, femtosecond pulsed, and nanosecond
pulsed) operating at the same average power (1 W) and average intensity (1.34×108 W.cm-2)
using an 800 nm wavelength source focused through a 20X(NA 1.0) water-immersion
objective (Fig. 2A). The continuous wave laser outputs a constant power and intensity over
the entire time interval. The nanosecond (pulse duration = 1 ns) and femtosecond laser (pulse
duration = 140 fs) (both operating at 80 MHz frequency) provide significantly higher peak
powers and peak intensities: 12.5 W and 1.67×109 W.cm-2 for the nanosecond pulsed laser
and 89,286 W and 1.19×1013 W.cm-2 for the femtosecond laser. This demonstrates that laser
sources operating at the same average power, average intensity, and pulse frequency can
deliver energy in drastically different manners, which must be considered when
implementing these systems for material degradation and when comparing results achieved
with different laser sources and/or optics.
In a second example, the influence of pulse frequency at a constant pulse duration is
demonstrated (Fig. 2B). Using the same average power, average intensity, wavelength, and
objective characteristics as in Fig. 2A, the power output for three lasers was calculated (Fig.
2B). The continuous wave laser delivers a constant power and intensity as in Fig. 2A while
the low frequency (8 MHz) femtosecond laser delivers a much higher peak power (892857
W) and peak intensity (1.19×1014 W.cm-2) compared to the higher frequency (80 MHz)
femtosecond laser operating at the same pulse duration (140 fs) (89286 W and 1.19×1013
W.cm-2). Higher frequency pulses deliver energy at a faster rate but do not achieve the peak
values attainable at lower frequencies. Since the peak power and intensity delivered to the
focal volume dictate the dominant degradation mechanism and ultimately, the degradation
efficiency, the influence of pulse frequency and pulse duration must be considered when
choosing a laser source and when publishing degradation parameters.
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As a final example, the output from two commercially available lasers used for hydrogel
degradation is presented. In the first system, a femtosecond pulsed laser operating at 80 MHz
with a 140 fs pulse duration at 790 nm wavelength and 21000 μm s-1 scan speed focused
through a 20X(NA 1.0) objective generates a peak intensity of 7.5×1012 W.cm-2 and a peak
fluence of 3.77×106 μJ cm-2.[34] In the second system, a nanosecond pulsed laser operating at
100 Hz with a 1 ns pulse duration at 355 nm wavelength and 95 μm s -1 scan speed focused
through a 10X(NA 0.25) objective achieves a peak intensity of 5×1010 W.cm-2 and a fluence
of 1.13 μJ cm-2.[35,54] The higher peak intensity and fluence achieved with the femtosecond
pulsed laser operating at a higher pulse frequency enabled faster and hence more efficient
hydrogel degradation allowing faster scan speeds.
While average powers and intensities of lasers are often reported in the literature, the
influence of pulse duration and frequency on the peak power, intensity, fluence, and total
energy delivered must be considered when choosing a laser source and comparing the results
attained via different laser sources. Furthermore, when reporting the average power, intensity
and fluence, consistency in the measurement location along the beam path should be
maintained for obtaining comparable results. Since the energy delivered to the sample in the
focal volume ultimately governs the degradation process, we propose reporting calculated or
measured values at the focal plane of the objective.
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Figure 2. Theoretical power and intensity outputs for three different lasers over time as a function of
pulse duration and pulse frequency. A) Comparison of the power and intensity over time for three
different lasers (continuous wave, 1 ns pulsed, and 140 fs pulsed) operating at the same pulse
frequency for the pulsed lasers (80 MHz), same average power (1 W), and same average intensity
(1.34×108 W cm–2) but with different pulse durations, 1 ns and 140 fs for the pulsed lasers. The fspulsed laser outputs a higher peak power and intensity compared to the ns-pulsed or continuous-wave
lasers to achieve the same average power and intensity. B) Comparison of the power and intensity
output over time for three different lasers (continuous wave, low-frequency (8 MHz) fs pulsed, and
high-frequency (80 MHz) fs pulsed) operating at the same average power (1 W) and same average
intensity (1.34×108 W cm–2) with the same pulse duration for the pulsed lasers (140 fs) but at different
frequencies. The laser operating at the lower frequency (8 MHz) outputs a higher peak power and
intensity to achieve the same average output compared to the higher frequency pulse and continuous
wave lasers. (IP: peak intensity, PP: peak power, IAVG: average intensity, PAVG: average power).
This article is protected by copyright. All rights reserved.
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2.2 General Mechanisms of Laser-Based Degradation
The mechanisms through which radiant photonic exposure affects different materials,
particularly, biomaterials and hydrogels, is an important consideration when implementing
laser-based degradation. The dominant degradation mechanism depends on the operating
parameters of the laser and the absorption properties and composition of the material.
Ultimately, both the laser characteristics and material properties collectively influence the
resolution, speed, and efficiency of the degradation process.
For laser-induced degradation to occur, free electrons must be generated in the focal volume.
When a material is exposed to pulsed laser irradiation, electrons in the material absorb
photons and become excited. Depending on the laser intensity and frequency, these electrons,
known as „seed electrons‟, can undergo two different ionization processes to generate more
free electrons: multiphoton ionization (MPI) and tunneling ionization, as determined from the
Keldysh parameter described below. Exposure to a high intensity laser imparts enough
energy to allow electrons to transition from the valence band to the conduction band. When
high intensity is coupled with a high frequency (~MHz range) (where time between pulses is
very short), the electrons constantly get excited to a free state via MPI.[53] However, when
excited at low frequency (~kHz range), the electrons can relax between pulses and MPI does
not occur. In this case, the electric field of the laser suppresses the atomic potential barrier
(Coulombic resistance), so that bound electrons tunnel through the barrier and reach a free
state which is known as tunneling ionization. In both cases, a threshold intensity is required
for ionization to occur.
The Keldysh parameter (γ) can be used to determine the dominant regime of photoionization
(tunneling or multiphoton). Below a Keldysh value of 1.5, tunneling ionization dominates
and for a value greater than 1.5, multiphoton ionization dominates.[53]
γ=

e

√

(11)

where is the pulse frequency, I is the laser intensity at the focal volume, m and e are the
reduced mass and charge of the electron, c is the velocity of light, n is the refractive index of
the material, ε0 is the permittivity of free space, and Eg is the band gap of the material (energy
required to excite the electron from the valence to the conduction band).
Once seed electrons have been excited to the conduction band, they generate additional free
electrons via „avalanche ionization‟, „cascade ionization‟, or „impact ionization‟
seed
electron in the conduction band minimum absorbs incident photons („inverse remsstrahlung
absorption‟) and is excited to a higher energy in the conduction band. As the excited electron
relaxes, it can collisionally ionize other electrons from the valence band, resulting in both
electrons being present in the conduction band minimum. With continued absorption,
additional electrons are collisionally excited, thereby leading to an avalanche increase in
This article is protected by copyright. All rights reserved.
10

electron density in the conduction band and subsequent plasma formation in the focal volume
(Fig. 3A).[48,49,53] During avalanche ionization, there may be energy losses through several
mechanisms including electron cooling, recombination, diffusion out of the focal volume, and
energy absorption via collision with heavier particles. Hence, the laser intensity must be high
enough to overcome these losses for avalanche ionization to proceed.
In the case of nanosecond and picosecond pulses, the ionization process mainly proceeds via
tunneling ionization and avalanche ionization leading to luminous plasma formation. At a
low laser frequency, the time between pulses is long enough for the energy of the excited
electrons in the plasma to be removed from the focal volume via thermal diffusion. Material
damage occurs when the local temperature in the focal volume exceeds the melting
temperature. Hence, the relative rates of generation and diffusion of thermal energy
determines the damage threshold. For sub-picosecond pulses, seed electrons are excited at a
faster rate, leading to avalanche ionization and high density plasma formation. Due to the
short time between pulses, thermal diffusion does not occur. Instead, the plasma energy is
deposited into the bulk material lattice in a shock-like manner, inducing photoablation. For an
even shorter pulse duration (femtosecond range), multiphoton ionization dominates and
produces sufficient electron excitation to cause direct photoablation of the material.[53] Due to
the ultrashort duration between femtosecond pulses, there is no visible plasma formation and
optical breakdown occurs via the sudden deposition of excited electron energy and formation
of cavitation bubbles.[48,49] It has been argued that, at sub-picosecond pulse durations, laserinduced optical breakdown proceeds via Zener tunneling ionization and Zener-seeded
saturation avalanche ionization rather than via multiphoton ionization (Fig. 3B).[55] However,
this theory has been challenged by Vogel et al, on the basis that the time constraints required
for avalanche ionization were not considered.[48,49]
Depending on the pulse duration, fluence, and intensity, a range of physical effects can be
produced in hydrogels. For example, using a low fluence (<10-1 J.cm-2), a low intensity
(<103 W.cm-2), and a long irradiation time (>10-6 s), laser-material interactions are usually
limited to photochemical reactions since the energy threshold for degradation is not achieved.
A reduction in pulse duration and corresponding increase in intensity gradually leads to direct
vaporization. A further increase in intensity, and more importantly, reduction of pulse
duration, results in deposition of extremely high energy in the focal volume thereby inducing
strong controlled explosions of material and direct degradation (Fig. 3C).[50] This
photoablation phenomenon can be suitably used for obtaining well-defined, high-resolution
degraded features within biomaterials.
The threshold irradiance and threshold fluence required for photoablation depend strongly on
the pulse duration. For longer pulse durations (>10-11 s, nanosecond range) threshold
irradiance remains constant and threshold fluence decreases strongly. However, a further
reduction of the pulse duration to the picosecond and femtosecond range causes a significant
increase in threshold irradiance and a weaker reduction in threshold fluence.[48] Considering
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that the threshold energy for optical breakdown is proportional to the square root of the pulse
duration, photoablation can be achieved with much lower energy using femtosecond pulses
compared to picosecond or nanosecond pulsed lasers.[56] A detailed picture of the dependence
of laser irradiance and fluence on pulse duration is provided in a study by Vogel et al.[51]
Another advantage of using femtosecond pulses over picosecond or nanosecond pulses for
hydrogel degradation is that the shockwave generated by the lasing event and material
degradation is confined to a smaller volume;[57] hence a high degree of control and precision
over degraded features can be achieved. This was demonstrated by Seliktar et al where
nanosecond or femtosecond laser pulses were used to ablate 3D channels within PEGfibrinogen hydrogels.[31] Femtosecond pulses were characterized by a higher laser peak
intensity (1012 W.cm-2 vs. 1010 W.cm-2) and the generation of smaller channels (lateral
resolution of < 1 μm vs 4 μm) compared to nanosecond pulses (Fig 4 -B).

Figure 3. Interplay of physical mechanisms influencing laser-based degradation. A) The sequential
occurrence of photoionization, inverse Bremsstrahlung absorption, and impact ionization leads to
plasma formation and recurring sequences in absorption and ionization events lead to avalanche
growth of free electrons produced by laser excitation. Reproduced with permission.[48] Copyright
2005, Springer-Verlag. B) Schematic illustration of a) distribution of processes in the focal volume
and b) sequence of processes occurring over the course of a laser pulse. Zener ionization and Zenerseeded avalanche ionization cause increases in the electron density and plasma field intensity in the
focal volume. The laser penetration depth (δ) becomes approximately equal to the wavelength (λ) at
1021 electrons cm–3. When plasma frequency (ωp) becomes equal to the laser frequency (ω), rapid
ionization and heavy absorption take place and material over depth, δ, is vaporized. The pink region at
the bottom indicates the duration of the laser pulse. EQ and EG refer to the electron quiver energy and
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the band gap respectively. Reproduced with permission.[55] Copyright 2004, The National Academy of
Sciences of the USA. C) a) Overview of the range of laser-tissue interactions that occur at varying
energy density, power density, and pulse duration and b) inverse variation of threshold fluence with
absorption coefficient over a range of wavelengths. b) Solid black line indicates the absorption
coefficient of water (cm–1), dashed line connecting solid filled circles indicates the absorption
coefficient of tissue (cm–1), and dashed line connecting hollow circles indicates the threshold fluence
for laser ablation (mJ mm–2). Reproduced with permission.[50] Copyright 1991, Baillière Tindall.

The use of femtosecond vs picosecond and nanosecond pulses for laser ablation can also be
comparatively evaluated based on the mechanism of energy dissipation. When energy is
focused on a transparent medium (water, hydrogel matrices in water, etc.), the incident
energy can either be transmitted, reflected, scattered, or absorbed. Only the absorbed portion
of the energy is useful for degradation. More specifically, the absorbed energy can be
classified as shock wave energy (due to generation of a mechanical shockwave), bubble
energy (due to generation of a cavitation bubble), evaporation energy (due to photoablation),
and other radiative losses (Fig. 4C). Amongst these, evaporation energy is of critical
importance for obtaining true photoablation, while shock wave and bubble energy lead to
disruptive breakdown and a loss in degradation efficiency and resolution.[51] With a reduction
in pulse duration from nanosecond (~ 5 ns) to femtosecond (~ 100 fs), more incident laser
energy is channeled towards evaporation energy thereby leading to improved and efficient
photoablation.[51] For nanosecond and picosecond pulses, a significant fraction of the incident
energy may pass the focal volume before it can be absorbed while in the case of femtosecond
pulses, the pulse energy is more efficiently absorbed in the focal volume.[52]

Figure 4. Effect of pulse duration on laser-material interactions. A) a) Degradation using a
femtosecond pulsed laser provides increased spatial resolution compared to a nanosecond pulsed as
demonstrated by the lateral and axial dimensions of the degradation volume. b) The visible-laser-
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induced damage proportional to the light intensity (ΔI) as a function of the peak laser intensity for
nanosecond and femtosecond pulsed lasers. c) The measured (X symbols) and theoretical (curves)
ablation threshold values versus pulse duration for degradation of PEG-fibrinogen hydrogels. B)
Comparison of visible damage within PEG-fibrinogen hydrogels caused by nanosecond and
femtosecond pulsed lasers as a function of laser intensity Scale bar = 100 μm Reproduced with
permission.[31] Copyright 2009, The Biophysical Society. C) Plasma, shock wave, and cavitation
bubble formation in water produced by Nd:YAG laser pulses of different pulse duration and energy,
imaged 44 ns after the optical breakdown. Scale bar = 100 μm Reproduced with permission [58]
Copyright 1996, Acoustical Society of America.

The 2P absorption coefficient and 2P cross-section vary across the wide range of biomaterials
used in tissue engineering and subsequently influence laser-biomaterial interactions and the
dominate degradation mechanism (Fig. 5C, D). Prior knowledge of these biomaterial
properties is beneficial for optimizing the efficiency of laser-based degradation to achieve
desired features in a timely manner. The pulse duration also influences the 2P absorption
coefficient through time evolution of the electron field concentration. In the case of
nanosecond pulses, the electron concentration peaks early in the pulse due to avalanche
ionization, leading to a higher absorption coefficient and lower transmission. With
picosecond pulses, the peak electron concentration is achieved much later during the pulse
leading to a decreased absorption coefficient. With femtosecond pulses, a high electron
density is reached early in the pulse due to multiphoton ionization, leading to an increased
absorption coefficient and resolution.[51] Laser pulse duration is critical in determining the
mechanisms involved in hydrogel degradation as well as achieving micron-scale resolution.
Another important aspect of laser-based degradation is the use of one photon (1P) versus twophoton (2P) events. A majority of the mechanisms that mediate laser-based hydrogel
degradation occur via 2P events within a focal volume that assumes a Gaussian profile (Fig.
5B) with lateral (wxy) and axial (wz) radii given by the following equations:[59]
wxy =

0 320

when N ≤ 0 7

√2N

(12)

wxy =

0 325

√2N 0 91

when NA > 0.7

(13)

wz =

0 532
√2

[

1
n-√n2 -N 2

(14)

]

where n is the refractive index of the medium. 2P events depend on the near-simultaneous
(10-16 s) absorption of two photons, the probability of which is proportional to the square of
the optical intensity and is extremely low under 1P excitation.[59,60] 2P excitation thus
necessitates a high photon density and the spatiotemporal focusing of photons within a small
volume. Hence, the excitation volume (Fig. 5A-B) (and subsequent degradation volume (Fig.
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4A-B)) obtained in the 2P mode (0.1-1 μm3) is significantly smaller compared to the 1P mode
(>100 μm3). Another advantage of 2P excitation is the choice of wavelengths used during the
process. 2P mode requires two photons of longer, red-shifted wavelength for excitation
compared to one photon at a shorter wavelength. The use of longer wavelengths enables
reduced scattering and hence deeper photon penetration. This ability is particularly useful
when utilizing thick samples to achieve a high photon density deep within the sample. [60–62]
When considering the implementation of laser-based degradation in hydrogels, it is
advantageous to use 2P absorption over 1P as it allows higher resolution manipulation over
the region of interest and the generation of micron-scale features.
An understanding of the basic mechanisms that influence laser-material interactions is useful
when applying laser-based degradation of hydrogels. Careful selection of the laser operating
parameters and the characteristics of the target material dictate, to some extent, the dominant
mechanism underlying degradation which can be optimized to achieve a desired degree of
degradation in an efficient and timely manner at desired resolution.

Figure 5. Characterization of the two-photon excitation volume. A) Visualization of the excitation
volume for single-photon (1P) and two-photon (2P) excitation of fluorescein using a) a continuous
wave laser at 488 nm and b) a femtosecond pulsed laser at 960 nm focused through a NA 0.16
objective. B) a) Lateral and axial views of the point spread function using 1P and 2P excitation. b)
FWHM refers to the full-width half-maximum of the Gaussian fit and refers to the axial radius. C)
The 2P excitation volume calculated for a 1-GM and a 300-GM fluorophore excited using a 200 fs
pulsed laser operating at 80 MHz focused through a 1.2 NA objective. Inset shows the point spread
function for excitation of a 1 GM (left) and 300 GM (right) fluorophore at 20 mW. Reproduced with
permission.[59] Copyright 2003, Nature Publishing Group. D) The distribution of the normalized
intensity and electron density in a focal volume of a femtosecond pulsed laser during optical
breakdown using a 1.3 NA objective and 800 nm light. Reproduced with permission.[48] Copyright
2005, Springer-Verlag.
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2.3 Mechanisms Dominating Degradation Based on Hydrogel Composition
The mechanisms through which laser exposure affects different materials and in particular,
hydrogels, is an important consideration when implementing laser-based degradation. Since a
majority of studies investigating laser-material interactions have been conducted using hard
materials, it would be interesting to elucidate laser irradiation effects on soft polymeric
hydrogels. Since hydrogels inherently possess high water content, laser-induced optical
breakdown of hydrogels can be modelled, to some extent, on the optical breakdown of water.
Several studies have investigated the optical breakdown of water and simulated biofluids at
nano-, pico- and femtosecond pulse durations and the effects of laser properties on shock
wave emission, vapor generation, and cavitation.[52,56–58,63–67] However, since the polymeric
component of hydrogels also has a wide range of physical, biochemical, structural, and
optical properties, it is important to understand their role in laser-based degradation.
Hydrogels commonly used for tissue engineering applications can be divided into three broad
categories: 1) hydrogels with low 2P absorption, 2) hydrogels with high 2P absorption, and 3)
hydrogels containing engineered photolabile groups. Hydrogels from all three categories have
been used in laser-based degradation for a broad range of cell and tissue engineering
applications.
2.3.1 Hydrogels with low 2P absorption
Hydrogels with low 2P absorption are usually derived from synthetic sources and include
PEG, PMMA, and polyacrylamide amongst others. Laser-based degradation of these
hydrogels relies primarily on the photodisruptive effect of the entrapped water. When
irradiated at a high intensity, water in the hydrogel undergoes plasma formation through
electron generation as described in the previous section. The liquid surrounding the plasma is
compressed and flows radially outward leading to rapid thermo-elastic expansion and
subsequent shock wave generation (for nanosecond pulsed excitation). As the compression
wave propagates outward, more liquid is incorporated into the radial flow causing vapor
bubble formation. The pressure of the cavitation vapor bubble causes it to expand even after
the shock wave has subsided. However, with increasing bubble radius, the kinetic energy of
the bubble is dissipated into the surrounding media, eventually leading to bubble collapse
within 1 μs [48,49] The dynamics of the cavitation bubble are highly influenced by the laser
fluence, intensity, and pulse duration. A shorter pulse duration (picosecond range) leads to
rapid bubble formation and significantly reduced photocavitation at lower energy compared
to longer pulses (nanosecond range or larger). Photocavitation of the vapor bubble indirectly
causes rupture of the chemical bonds in the polymer chains of the hydrogel leading to
physical degradation of the hydrogel in the focal volume. When using a femtosecond pulse
duration and reduced threshold fluence, it is also possible for the polymeric chains to undergo
direct photoablation via plasma ionization. However, due to the high mass fraction of water,
degradation primarily proceeds through bubble cavitation rather than ionization of polymeric
chains (Fig. 6). The relative contribution of these parallel mechanisms during degradation of
low 2P absorption hydrogels needs to be investigated in detail.
2.3.2 Hydrogels with high 2P absorption
Hydrogels with high 2P absorption undergo photoablation primarily via MPI and include
natural protein-based hydrogels (collagen, silk, agar/agarose) or semi-synthetic materials with
high protein content (PEG-fibrinogen) where the presence of amino acid residues imparts a
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high degree of molar absorptivity.[68] Laser-based degradation proceeds via two parallel
mechanisms for this category of hydrogels. When exposed to nanosecond pulses, the incident
laser energy is strongly absorbed by the protein fraction leading to rapid heating and chemical
denaturation of the protein matrix. The denaturation process involves breakage of hydrogen
bonds and disassembly of the primary, secondary, and tertiary protein structure. Due to strong
absorption, heat generated in the focal volume is dissipated into the surrounding matrix
leading to local protein damage. Simultaneously, the entrapped water undergoes plasma
formation and photocavitation via vapor bubble formation (Fig. 6). The combination of
protein breakage and photocavitation leads to material degradation. However, at femtosecond
pulse durations, the high frequency of the pulses does not allow heat dissipation to the
regions surrounding the focal volume, thereby leading to accumulation of heat and
subsequent degradation confined to extremely small volumes and high-resolution degradation
(on the order of nm).[31]
2.3.3 Hydrogels containing engineered photolabile groups
The third category of hydrogels contain engineered photolabile groups that undergo
photochemical scission (Fig. 6).[28,30,36,69–72] A major advantage of these hydrogels is that they
are amenable to degradation via both single- and two-photon exposure and require much
lower energy compared to the other two hydrogel categories. In one study, a bis(azide)
di-functionalized polypeptide linker containing the photodegradable nitrobenzyl ether (NBE)
moiety was covalently coupled to PEG monomeric chains enabling photocleavage using
single photon ( = 365 nm) or two-photon ( = 740 nm) exposure [73] The ability to
specifically cleave the polymeric chains of the hydrogel matrix at low energy provides a high
level of spatiotemporal control over the degradation process and enables the generation of
well-defined, user-controlled 3D features within bulk matrices.
An important consideration for these three classes of hydrogels is the efficiency with which
they can be degraded. It is often desirable to obtain complete hydrogel degradation at the
fastest laser scan speed available while still maintaining high-resolution features. Hydrogels
with photolabile groups exhibit the fastest rate of degradation owing to direct chemical
scission of the polymer backbone upon exposure to light and most likely the highest
resolution. This class of hydrogels can be subjected to higher scan speeds while still
achieving complete degradation with high resolution. Protein-rich hydrogels also demonstrate
relatively fast rates of degradation owing to the strong absorption of the protein backbone.
However, hydrogels with low 2P absorption require more energy. Since degradation in this
class of hydrogels depends on indirect vapor bubble generation and cavitation, a slower scan
speed is required in order to deposit a higher amount of energy per unit volume per unit time
compared to the previous two classes of hydrogels. For example, photolabile PEGtetraDIFO3 hydrogels containing UV-sensitive nitrobenzyl ether moieties underwent
2P-induced degradation at a scan rate of ~1 m.s-1.[28] In comparison, 2P-induced degradation
of PEG-based hydrogels underwent complete degradation at a scan speed of 0.02 m.s-1.[34] In
addition to hydrogel composition, the scan speed necessary to achieve complete degradation
also depends on the pulse duration of the laser. In one study, PEG-based hydrogels were
degraded using a nanosecond-pulsed laser at a scan speed of ~0.0001 m.s-1 compared to 0.02
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m.s-1 achieved using a femtosecond pulsed laser for a similar hydrogel composition.[35] The
same nanosecond laser system was used to degrade features in PEG-fibrinogen hydrogels that
contain a higher 2P cross-section at a similar speed of 0.0001 m.s-1.[31]
Hydrogel composition and the laser operating parameters govern the physical mechanism(s)
of degradation that occur which in turn dictates degradation efficiency, the fastest scan speed
attainable, and resolution of degraded features. Prior to implementation, the roles of laser
operating parameters and mechanisms of degradation must be carefully considered to achieve
efficient and high-resolution degradation. As a general guideline, the following table (Table
1) briefly lists the published operating parameters for different biomaterials. A more detailed
table is provided as Supplementary Table 1 and provides published resolutions achieved thus
far.
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Figure 6. Schematic of the various modes of laser-hydrogel interactions. Laser-induced degradation
of hydrogels can follow various modes depending on the type and composition of polymeric material.
Scheme 1: the water within the polymeric network is excited by the laser and undergoes electron
generation, plasma formation, and vapor bubble generation. The vapor bubble expands radially along
with shock wave propagation and heat dissipation and subsequently causes physical breakage of the
network due to thermoelastic stress. Scheme 2: the polymeric network is excited by the incident laser
light and undergoes plasma formation which subsequently leads to physical breakage of polymer
network. Scheme 3: hydrogels with a high two-photon cross-section or those containing photolabile
groups undergo direct chemical scission which induces rapid dissociation of the polymer network.
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Degradation Parameters
Material

Source /  / Pulse Duration / Pulse Frequency / Speed / Power

References

Collagen

Ti:S / 775-830 nm / 75–140 fs / 0.001–82 MHz / 0-100 µm·s-1 / 0.4-1130
W

Collagen –
Gold
Nanorods

Ti:S / 800 nm / 100 fs / 80 MHz / 750-2000 µm·s-1 / 0.1-0.29 W

[76]

CollagenElastin
Blend

Ti:S / 800 nm / 30 fs / 0.001 MHz / --- µm·s-1 / ~0.8 W

[77]

[41,74,75]

[78]

Gelatin

-1

Ti:S / 800 nm / 30 fs / 0.001 MHz / --- µm·s / --- W
[42,79]

Agar

-1

Nd:YAG / 1053-1064 nm / 1 ps / 133 MHz / 0-20 µm·s / 0.1 W
[22]
-1

Agarose

ArF / 193 nm / --- fs / 0.00001 MHz / --- µm·s / 0.7 W

AgaroseAlginate
Blend

Thulium / 1920 nm / --- fs / --- MHz / 500-5000 µm·s-1 / --- W

Silk Fibroin Ti:S / 810-1030 nm / 100-230 fs / 0.1-80 MHz / 25-100 µm·s-1 / --- W

PVP

[80]

[29,45,81]

Ti:S / 800 nm / 30 fs / 0.001 MHz / --- µm·s-1 / --- W
[78]
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PVPChitosan
Blend

Ti:S / 800 nm / 30 fs / 0.001 MHz / --- µm·s-1 / --- W

[78]

[34,82]
-1

Ti:S / 790 nm / 140 fs / 80 MHz / 21000 µm·s / 0.612 W
PEG

[35]

-1

N2 / 355 nm / 1 ns / 0.0001 MHz / 95 µm·s / --- W

Photolabile

[28,30,69–

Ti:S / 405-740 nm / --- fs / --- MHz / 890000 µm·s-1 / 0.008-1.8 W

71,73,83]

PEG

[31,84]
-1

PEGFibrinogen

Ti:S / 700-920 nm / 100 fs / --- MHz / 100 µm·s / --- W
[31,85]
-1

N2 / 355 nm / 1 ns / 0.0001 MHz / 97-100 µm·s / --- W
[85]

PEGAlbumin

-1

N2 / 355 nm / 1 ns / 0.0001 MHz / 100 µm·s / --- W
[85]

PEGGelatin

-1

N2 / 355 nm / 1 ns / 0.0001 MHz / 100 µm·s / --- W

Table 1. Laser parameters for laser-based degradation of various hydrogels and biomaterials based on
composition. A brief list of studies employing laser-based degradation for natural, synthetic, and
semi-synthetic materials is provided (λ: wavelength of laser light, Ti:S: Titanium-sapphire, Nd:YAG:
Neodymium-yttrium aluminum garnet, PVP: polyvinyl pyrrolidone, PEG: poly(ethylene glycol)).

PART 2: Applications of Laser-Based Hydrogel Degradation in Cell and Tissue
Engineering
3. Applications of Laser-Based Hydrogel Degradation in Cell and Tissue Engineering
Laser-based micro- and nano-scale manipulation of hydrogels has received increasing
attention with the advent of improved laser systems and associated infrastructure. Common
laser-based techniques used in biofabrication include stereolithography,[54,86] 3D micro- and
nano-patterning of biochemical moieties,[14,87–91] 2D texturing of biomaterial interfaces to
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modify surface properties,[25,38] and microstructuring/micromachining bulk materials to
generate user-defined features.[92–94] In addition to these established techniques, laser-based
degradation has been progressively applied in various aspects of tissue engineering including
fabrication of microchannels for vascular and neural studies, probing cell-material
interactions, and for characterization of scaffolds and matrices as discussed in the following
sections.
3.1 Laser-Based Degradation of Hydrogels to Control 3D Cellular Architecture
Spatiotemporal monitoring of cell migration, self-assembly, and morphogenesis in both
synthetic and natural hydrogels has received significant attention owing to its importance in
numerous physiological phenomena including organ and tissue development, cardiovascular
diseases, and cancer progression.[95–98] Two broad approaches have been adopted to
investigate these processes: 1) self-assembly of cells (including multiple cell types) from a
“zero-state” initial encapsulation condition[99,100] and 2) directed organization of cells into
desired configurations using a pre-defined architecture.[34,101] Self-assembly relies on the
ability of cells to actively remodel the surrounding matrix, often through proteolytic
degradation,[102] and facilitates the investigation of several processes including normal
vasculogenic and tumor-associated angiogenic progression,[103,104] spheroid formation of
cancer cells,[19,105] collective cell migration,[106,107] and tissue morphogenesis.[98,108] Though
self-assembly provides significant mechanistic insights into developmental processes, it
suffers from limitations including minimal to no control over the final architecture,
dependence on cells with high proteinase activity, and poor-user control over micron-scale
ECM features.
To overcome some of these limitations, directed spatial organization of cells or multicellular
constructs using pre-defined biochemical or mechanical structures to guide and directly
control 3D cellular architecture has been adopted.[14,34] This approach often utilizes welldefined, micron- to centimeter scale channels or conduits to guide cellular organization and
offers a high level of reproducibility between constructs. While simple geometric patterns are
often utilized, the implementation of image-guided approaches has allowed fabrication of
biomimetic architectures that closely recapitulate in vivo organization.[14,34] These highly
reproducible biomimetic architectures are of interest in generating in vitro platforms that
mimic physiological and pathological tissue architectures. In this context, laser-based
hydrogel degradation facilitates the formation of user-defined and in vivo-derived tissue
architectures and offers a unique opportunity to guide 3D cellular organization over multiple
length scales.
3.1.1 Neuronal Guidance
There has been a long-standing interest in the ability to spatially guide neuronal outgrowth in
tissue engineered constructs for regenerative medicine applications and for the development
of in vitro microphysiological models.[109,110] Currently, no effective treatments for repair of
damaged nerves in spinal cord and brain injuries exist; hence, methods to effectively culture
neural cells in implantable biomimetic matrices while guiding their architecture and
connectivity are of great interest for neuronal regeneration.[111] Additionally, development of
advanced neuronal cell culture platforms could significantly aid the study of neurite extension
and morphogenesis, whereas methods to improve proliferation, migration, differentiation,
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survival, and controlled 3D architecture of neuronal connections in vitro could lend
themselves towards the formation of microphysiological systems as disease models.
Cell culture methods to direct and guide axonal outgrowth have employed 2.5D tracks on
bioadhesive surfaces,[22,112] large micromolded, planar channels in hydrogels,[113] or
patterned 3D tracks of cell-adhesive GRGDS peptides in hydrogels.[114] Complementary
approaches utilizing laser-based degradation to generate 3D conduits embedded in hydrogels
for guidance of neuronal extension outgrowth have also been developed. These approaches
allow for high resolution control over axon bundle diameter and 3D architecture and could
potentially be extended to spatially control where axonal connections and neuromuscular
junctions form.
Laser-based degradation of guidance channels in agarose-based hydrogels for neuromorphogenesis enabled the formation of mature neuron bundles and neural circuits.[22] 1 cm
long, 60-400 μm wide guidance channels were degraded in agarose using an rF excimer
laser (193 nm wavelength, 1 μJ energy per pulse, 10 Hz repetition rate, 30 μm scan size),
functionalized with extracellular matrix proteins, and implemented to study proliferation,
alignment, and differentiation of B35 rat neuroblasts into neural bundles. The thickness of the
neural bundles was directly proportional to the width of the guidance channel which, in turn,
was dependent on the laser operating parameters during degradation. Hence, optimization of
laser parameters could be used for generating neural bundles of desired length and thickness
embedded in hydrogels.[22] Similarly, guided neural network formation was investigated
using agarose-based, on-chip platforms where individual microchambers were connected via
microchannels using laser-based, photothermal-induced degradation. In this case, agarose
degradation was achieved through heating an adjoining chromium layer using a Nd:YAG
laser (1064 nm wavelength, 20-48 mW laser power, 1-1000 μm·s-1 scan speed) thereby
inducing the formation of microchannels with widths of 5-45 μm and heights of 5-20 μm
connecting adjacent microchambers.[43,115] Neural cells or rat adult hippocampal cells
cultured in microchambers formed neural networks in the microchannels between
chambers.[42] Well-developed neuronal connections were established irrespective of channel
width, length, or microchamber shape, demonstrating the applicability of the on-chip
platform coupled with laser-based fabrication to directly control the architecture and
dynamics of neuronal connections (Fig. 7A). However, photothermal melting of agarose
could potentially cause cellular disruption and heat shock protein generation and hence care
needs to be taken during stage movement and the laser properties must be tightly controlled
to mitigate these risks. This phenomenon was observed where S5Y5 neuroblastoma cells
were encapsulated in 3D agarose-alginate hydrogels and subjected to laser-based
microchannel fabrication.[80] Cells residing in the direct ablation path died while cells in the
adjoining regions did not suffer significant damage and were able to fully recover metabolic
activity.
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Peptide-coupled, photolabile PEG-based hydrogels have also been modified with laserinduced degradation to guide neuro-morphogenesis and neural circuit formation.[71]
Embryonic stem cell-derived motor neurons (ESMNs) encapsulated in YIGSRfunctionalized, photolabile (containing nitrobenzyl ether moieties) PEG-based hydrogels
were degraded using a power density ranging from 15-110 mW μm-3 to create channels with
widths varying from 2-50 μm xons extended into channels as small as 2 2 µm but the
invasion speed was significantly slower in 2 μm channels compared to invasion into 5-50 μm
channels due to physical impedance of the axons. When presented with multiple channels at
different branching angles, motor axons demonstrated directional persistence toward 45°
channels. Interestingly, guided axonal growth from ESMN embryoid bodies toward myotube
bundles formed functional synapses over millimeter-scale distances, thereby demonstrating
the ability to direct and control the organization of neural circuits (Fig. 7B).[71]
Semi-synthetic hydrogel blends including PEGylated protein hydrogels have also been
subjected to laser-based degradation for neuronal guidance. Using PEG-conjugated ECM
protein hydrogels[31,84,85,116] and cell culture medium supplemented with nerve growth
factor[117], 20-70 μm diameter channels in EG-fibrinogen hydrogels supported outgrowth of
neurites and glial cells from dorsal root ganglia (DRG)[85] (Fig. 7C). The comparative
potential of PEGylated protein hydrogels with different compositions (PEG-fibrinogen, PEGgelatin, and PEG-albumin) to support laser-guided channel fabrication for neurite growth was
investigated. PEG-gelatin displayed significant ultraviolet (UV) light attenuation which
induced an intensity loss with increasing depth into the hydrogel. This attenuation reduced
the total energy delivered resulting in decreased channel diameters with increased depth from
the gel surface.[85] In contrast, PEG-fibrinogen (PEG-Fb), PEG-albumin, and PEGDA were
optically transparent and ablated channel diameters remained consistent with increased depth.
The laser parameters (355 nm, 1 nm pulse duration, 90 μJ per pulse, 100 Hz repetition rate,
maximum intensity 5×1010 W.cm-2) were modified (60-100% of maximum intensity) to
control the channel diameter (10-70 μm) adjacent to dorsal root ganglion (DRG) cell clusters;
with increasing laser energy producing larger channels. DRG cell migration and outgrowth
occurred quicker in channels larger than 30 µm, while 10 µm diameter channels induced
outgrowth at a slower rate. Cells also displayed higher persistence outgrowth in PEG-Fb and
PEG-albumin hydrogels compared to PEG-gelatin (Fig. 7D).[85] These results further
demonstrate that the appropriate choice of material properties and laser operating parameters
require careful consideration to achieve desired neuronal growth and development.
PEG-Fb hydrogels were further investigated for their ability to support guided neurite
outgrowth toward functional nerve regeneration[116] and brain-on-a-chip applications.[84] The
influence of femtosecond and nanosecond pulsed laser sources on microchannel
characteristics in PEG-Fb hydrogels with varying fibrinogen and PEG concentrations were
investigated.[31] Hydrogel degradation using a nanosecond pulsed laser (1 ns pulses, 100 Hz
frequency, 355 nm, 97 μm.s-1 scan speed, and intensity varying from 0.05×1010 to 5.0×1010
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W.cm-2) or a femtosecond pulsed laser (100 fs pulses, 880 nm, 100 μm.s-1 scan speed, and
intensity varying from 0.6×1012 to 7.8×1012 W.cm-2) was implemented to investigate the role
of laser properties on degradation resolution. Laser-based degradation using the femtosecond
pulsed laser produced higher resolution structures compared to the nanosecond pulsed laser
owing to a higher peak intensity and a smaller spot size. Accordingly, modulation of laser
intensity resulted in variations in neurite outgrowth and invasion. When laser intensity was
reduced below 1×1010 W.cm-2 (for the nanosecond laser) or 5×1012 W.cm-2 (for the
femtosecond laser), neurite outgrowth was severely restricted owing to the small diameters of
the fabricated channels. However, channels with a larger cross-section (>20μm) supported
neural outgrowth and maturation over 23 days in culture, as evidenced by the migration of
βIII-tubulin-positive neurites and supportive, s100-positive glial cells, in both simple and
complex geometries, including non-planar networks.[31]

Figure 7. Neuronal guidance using laser-degraded networks. A) Degradation of microchannels
between agar microchambers enables the formation of functional connections between rat
hippocampal cells. a) Microchannels (indicated by white arrows) are fabricated 1 day after cells are
introduced, b) cellular connections are formed over 5 days, c) photothermal etching to create new
channels in the presence of cells, and d) neurites connecting cells in the new channels after 10 days.
Scale bar = 100 μm Reproduced with permission [42] Copyright 2004, Elsevier. B) Directing axonal
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growth in photolabile PEG hydrogels under various degradation conditions. a) Embryonic stem cellderived motor neuron embryoid body encapsulated within photolabile PEG hydrogels on day 0 and b)
48 hours later demonstrate axonal growth into fully degraded channels. The power density was varied
from 15 to 110 mW μm–3 to control the extent of degradation in the channels. Channels marked with *
theoretically undergo incomplete degradation and hence axonal growth is hampered. Scale bar = 100
μm c) Fork-shaped patterns were degraded in the path of extending neuronal projections to provide
directional choice in growth. d) A majority of axons entered the 0° or ±45° forks, indicating
persistence in outgrowth under the absence of external stimuli. Scale bar = 10 μm Reproduced with
permission.[71] Copyright 2014, ACS. C) Degraded channels in PEG-fibrinogen hydrogels in different
configurations, a–b) along the word “nerve” and c–d) a cylindrical shaped channel, allow dorsal root
ganglion cells to form neuronal projections over 3 days Scale bar = 100 μm Reproduced with
permission.[31] Copyright 2009, Biophysical Society. D) Comparative potential of PEGylated proteins
(PEG-fibrinogen, PEG-albumin, PEG-gelatin) and PEG as a control to support dorsal root ganglion
axonal outgrowth in laser-degraded microchannels Cells were labeled for βIII-tubulin (red) and a
D I counterstain (blue) Scale bar = 100 μm Reproduced with permission [85] Copyright 2015,
Elsevier.

An important consideration in these studies is the presence of other cell types in addition to
neural cells and their ability to actively remodel the surrounding ECM. Glial or non-neuronal
cells present in the DRG cell cluster could potentially degrade the PEG-Fb matrix adjoining
the fabricated channels and display transverse growth instead of being unilaterally restricted
along the channel.[31] Tuning the PEG-Fb hydrogel composition by controlling the relative
concentration of fibrinogen or PEG moieties was necessary to confine cellular outgrowth to
the channels.[31] Overall, the use of PEG-conjugated ECM protein hydrogels in combination
with laser-based degradation allows for the simultaneous investigation of biochemical and
physical cues and their role in the progression of neuronal development.
Controlled laser-based degradation of micron-scale features in natural, synthetic, and naturalsynthetic hybrid hydrogels can be implemented to guide the formation of cell-cell interactions
and complex neural structures to improve neural functionality and maturation of fabricated in
vitro neural tissues. This ability to guide neural organization enhances researchers‟ ability to
study distinct mechanisms of neuronal development and to accelerate neural regeneration of
damaged tissue post-implantation of fabricated scaffolds.
3.1.2 Fabrication of Vascular Networks
Another important application of laser-based hydrogel degradation is the fabrication of
vasculature and guidance of endothelial network formation. The generation of hydrogel
embedded vascular networks is essential for long-term culture of large-volume tissue
constructs and maintenance of high cell viability via adequate transport of nutrients and
cellular metabolites.[118–120] Additionally, fabrication of well-defined, repeatable vascular
architectures lends itself to the development of fluidized disease models. In this respect,
laser-based degradation of hydrogels has facilitated the fabrication of in vitro biomimetic
microfluidic networks for subsequent tissue vascularization.[34–36,76,82]
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In one study, a nanosecond pulsed laser (1 ns pulses, 100 Hz frequency, 355 nm, 95 μm s−1
stage speed) was used to generate 2D planar and 3D microfluidic channels in a number of
hydrogel matrices including peptide-coupled PEG, collagen I, gelatin, fibrin, agarose, and
alginate.[35] This approach was used to recreate the architecture of a planar capillary bed,
form 3D “evolvable” networks within cell-laden hydrogels, and to generate lumenized,
mature vasculature composed of human umbilical vein endothelial cells (HUVECs) with tight
cell-cell junctions. An advantage of this method is that it facilitates degradation in situ, in the
presence of encapsulated cells, without inducing damage to cells within ~20 µm of the laser
path and also allowed spatiotemporal control over fluidic channel formation and flow and
transport patterns (Fig. 8A). The ability to generate new microfluidic channels or new
connections between existing networks in cell-containing constructs provides unprecedented
spatiotemporal control over the delivery and presentation of soluble factors to encapsulated
cells and the potential to probe the spatiotemporal influence of soluble factors on tissue
formation and maturation.
An image-guided, laser-based degradation technique has also been developed that allows for
accurate recapitulation of the 3D architecture of microvascular networks in hydrogels. [34,82]
In this approach any 3D configuration can be utilized from those generated using computeraided design (CAD) to 3D image stacks of in vivo vasculature. A 3D image stack of mouse
cerebral cortex microvasculature was utilized as a digital template to fabricate a 3D
biomimetic microfluidic network.[34] A series of digital, virtual masks that contained the
network spatial information was used to guide the laser position during 3D degradation of
PEG-based hydrogels using a femtosecond pulsed laser (790 nm, 140 fs pulse duration,
37.7 nJ μm−2 laser fluence).[34] This approach allowed fabrication of microfluidic networks
whose architecture closely matched the in vivo architecture used to define the network in
terms of total network length, number of branch points, and average vessel diameter across
many networks. Post functionalization with the cell-adhesive peptide, RGDS, facilitated
adhesion and spreading of bEnd.3 mouse brain endothelial cells which subsequently formed
lumenized vascular networks with tight cell-cell junctions (Fig. 8B).
Another approach for vascular channel formation is via femtosecond photothermal
degradation (100 fs, 800 nm wavelength, 80 MHz, 50-100 mW laser power, 0.25-2.0 mm.s-1
writing speed) of cell-laden collagen hydrogels containing gold nanorods.[76] Instead of
directly degrading the collagen, the gold nanorods absorb the photon energy to convert light
to heat thereby causing local thermal denaturation of the collagen matrix. Optimization of
laser power and scan speed (100 mW, 2.0 mm.s-1) were necessary to avoid extensive cell
death while simultaneously maintaining channel fidelity. Hollow, tube-like channels were
degraded within collagen hydrogels to guide the migration and formation of a lumenized
endothelium by bEnd.3 mouse endothelial cells (Fig. 8C).
Much research has focused on the generation of hydrogel-embedded cardiovasculature to
support viability and function of engineered microtissues for disease modeling and
regenerative medicine applications. However, the role of the lymphatic system, which is
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responsible for regulating metabolic transport and vessel stabilization,[121] has been relatively
understudied. To simulate local transport between the cardiovascular and lymphatic system,
image-guided, laser-based degradation has been used to generate two microfluidic networks
that occupy the same volume but do not directly connect to generate a simple model of
cardiovascular-lymphatic transport.[34] This multi-network device allowed for quantification
of transport between networks and provides a platform to begin investigating in vivo-like
transport in engineered tissues.
Laser-based hydrogel degradation facilitates fabrication of simple, and more complex, in
vivo-derived vascular networks which can subsequently be used for generation of largevolume tissues and fluidized microphysiological systems. The ability of endothelial cells to
form user-defined, 3D networks in hydrogels provides some advantages over other platforms
that rely on self-assembly through vasculogenic or angiogenic processes. Hence, employing
laser-based degradation for in vitro vascular studies could provide a useful platform for
studying vascular phenomena including interactions with immune cells, circulating tumor
cells, and other blood components.

Figure 8. Fabrication of vascular networks in hydrogels via laser-based degradation. A) a) Schematic
implementing laser-based hydrogel degradation to generate microchannels in cell-laden hydrogels and
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formation of additional channels on demand. b) Digital mask of a 2D capillary bed and c–d) resulting
microfluidic network generated via image-guided degradation Scale bar = 100 μm e) Confocal 3D
reconstruction of a lumenized channel formed by HUVECs in collagen type I, f) transverse and g–i)
frontal plane of the channel. Cells stained for F-actin (green), CD-31 (purple), VE-cadherin (red) and
DAPI (blue). Reproduced with permission.[35] B) a) Schematic of image-guided, laser-based
degradation in micromolded PEGDA hydrogels. b) Hydrogel embedded, 3D, cerebral cortex-derived
microfluidic networks demonstrate correlation with in vivo vasculature. c) 3D confocal reconstruction
of lumenized microchannels within PEGDA hydrogels formed by bEnd.3 mouse brain endothelial
cells labelled with ZO-1 (tight junctions, green) and DAPI (nuclei, blue). Reproduced with
permission.[34] C) a) Schematic of a nanorod-embedded collagen matrix undergoing photothermal
degradation to form vascular channels. b–c) bEnd.3 cell migration and tube formation in the laser
degraded channels over 14 days. d) A 3D confocal reconstruction of the lumenized channels with
hollow cores Scale bar = 50 μm Reproduced with permission.[76] Copyright 2015, Nature Publishing
Group.

3.1.3 Guided Cell Migration
In addition to neural and vascular applications, laser-based hydrogel degradation has been
applied to investigate cell migration through hydrogel-embedded channels. This approach
provides a high degree of control over channel dimensions and the ability to regulate specific
events and/or mechanisms of cell migration.
hMSCs and fibroblasts encapsulated in silk fibroin hydrogels containing
laser-micromachined features were observed to align to the features thereby demonstrating
the role of cell-matrix contact guidance in regulating 3D cell morphology (Fig. 9A).[29]
Implantation of these constructs into mice resulted in cellular infiltration along the 3D
channels, thereby providing proof-of-principle of the applicability of this technique in
regenerative medicine. 3D channels also enable the investigation of chemokine-induced cell
migration (chemotaxis).[35] hMSCs encapsulated in PEG-based hydrogels with laser-degraded
linear channels were subjected to platelet derived growth factor-BB (PDGF-BB) perfusion,
which resulted in a higher cellular migration distance and directional persistence compared to
perfusion without PDGF-BB (Fig. 9B). Temporal control over chemokine-induced gradients
was also demonstrated via in situ fabrication of new microchannels within desired locations
of cell-encapsulated hydrogels. This approach allows for temporal control over soluble factor
gradients and could significantly aid the investigation of soluble factor influences on cell- and
tissue-level function.
In addition to modeling physiological conditions, modeling of pathological processes such as
the metastatic cascade has received significant attention in recent years with a number of
hydrogel formulations being used for 3D culture of cancer cells.[96,122,123] Laser-based
degradation has been implemented to generate well-defined migration tracks in 3D collagen
matrices to elucidate the role of MMP-dependent and -independent cancer cell invasion.[41]
Laser-based degradation (400 mW power, 830 nm wavelength) was implemented to generate
microtracks of varying width (3-30 μm) and the invasion of mouse mammary tumor (MMT)
cells along the ablated tracks was quantified. Interestingly, MMT cells, owing to high degree
of proteolysis, were able to invade and degrade the surrounding collagen matrix beyond the
generated tracks. However, small molecule inhibition of MMP activity resulted in MMP-
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independent invasion of cells, which resulted in confinement of cell migration within the
tracks. Additionally, invasion path thickness increased with the width of the ablated tracks,
thereby demonstrating the utility of laser-guided degradation in investigating cancer cell
invasion mechanisms. This approach was used to study the guided migration of human
fibrosarcoma cells and 3T3 fibroblasts along laser-degraded channels in photolabile PEGbased hydrogels (Fig. 9C).[28,30] 3T3 fibroblasts within a fibrin clot were encapsulated in
photolabile hydrogels and microchannels were degraded and selectively functionalized with
cell-adhesive RGDS motifs. Cells were observed to migrate specifically to RGDSfunctionalized channels, thereby demonstrating user-specific spatial control over 3D cell
migration (Fig. 9D).
Laser-based degradation of hydrogels can be suitably applied to create user-defined and
controlled microstructures within 3D biomaterial matrices, which can subsequently be used to
investigate cellular behavior pertaining to physiological or pathological conditions. Guided or
directed cell growth and alignment could be extended towards reconstruction of native tissue
microarchitectures for regenerative medicine applications. Additionally, fabrication of these
features within in vitro platforms could also be used to study disease mechanisms involving
cell invasion and migration.

Figure 9. Laser-based degradation for cell migration studies. A) a) Schematic of the laser-based
degradation of cell-laden silk hydrogels. Inset: bright-field image of the degraded region. Scale bar =
250 μm b–d) Confocal images of the cell-laden gel 76 μm below, 62 μm above, and in the plane of
the degraded features, respectively. Dashed lines indicate the degraded region. Scale bar = 250 μm e–
f) Cells irradiated by the beam above (e) and below (f) the focal plane. Green indicates live cells and
red indicates dead cells. Reproduced with permission.[29] Copyright 2015, The National Academy of
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Sciences of the USA. B) a) Representative bright-field image of pre-starved hMSCs overlapped with
respective cell tracks migrating towards a microfluidic channel (indicated by white dashed line)
perfused with a chemoattractant, platelet derived growth factor-BB, compared to d) control (perfused
with media only). b,c) Measured cell migration distances and directionality of individual cells in
response to chemoattractant perfusion as compared to the (e,f) control group. Reproduced with
permission.[35] C) Migration of a fibrosarcoma cell (white rectangle) through a channel in photolabile
EG and its corresponding position trace Scale bar = 50 μm Reproduced with permission.[30]
Copyright 2009, AAAS. D) a) Laser-degraded microchannels functionalized with RGD direct
migration of 3T3 fibroblasts in photolabile PEG hydrogels. b) 3D cell outgrowth can be directed via
RGD-functionalized channels, inset shows top-down projection. c) Y-shaped microchannels with one
arm functionalized with RGD shows preferential cellular outgrowth compared to the nonfunctionalized arm. Dashed polygons represent RGD functionalized regions. Hydrogel is shown in
red, F-actin in green and cell nuclei in blue Scale bars = 100 μm Reproduced with permission.[28]
Copyright 2011, Macmillan.

3.1.4 Manipulation of Cell Behavior and Cell-Material Interactions
Control over cell-cell and cell-matrix interactions in tissue-engineered constructs are critical
towards close recapitulation of native microenvironmental conditions and for achieving
desired cellular level, and ultimately tissue level, function. The introduction/modification of
micron-scale features in hydrogels via laser-based degradation facilitates the longitudinal
study of these interactions. Alteration of key parameters including ligand presentation,
crosslinking density, porosity, and others can influence cellular morphology, migration, and
differentiation thereby providing controlled in vitro investigation of cell-matrix interactions
[30,83]
To this end, laser-based hydrogel degradation can be implemented to introduce or
modify micron or sub-micron scale features in bioengineered matrices to manipulate or to
specifically investigate 2D or 3D cell behavior in response to matrix modifications.
Laser-based erosion of hydrogels facilitates investigation of cellular interactions on 2D
hydrogel surfaces where adhesiveness and detachment of human mesenchymal stem cells
(hMSCs) was characterized.[83] A photolabile macromer, PEGdiPDA (PDA: photodegradable
acrylate), containing an ortho-nitrobenzylether (o-NBE) moiety, with a 2P cross-section of
0.01-0.03 GM at 740 nm, was used to form photolabile hydrogels. Post cell spreading on the
surfaces, specific regions of (~1-100 μm in size) were subjected to laser erosion When
regions corresponding to cell attachment sites or filopodial extensions were selectively
eroded, cells were observed to dynamically detach and retract leading to rounded cell
morphologies. The cellular retraction kinetics was modeled based on cell spread area, which
revealed that cellular detachment is dependent on substrate elasticity and that hMSC
detachment from softer substrates was ~6 fold slower than detachment from stiffer substrates
(Fig. 10A). An advantage of using 2P laser erosion for studying cell detachment dynamics is
that this method allows investigation of the full signaling cascade induced by disruption of
adhesive junctions as compared to other methods which selectively target specific aspects of
the cascade. Additionally, this method could be further used to study adhesion force
dynamics between multiple cell types.[124] For example, in a co-culture or tri-culture 2D
model, the maturation of individual cell-cell adhesions and associated signaling transduction
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cascades could be investigated by femtosecond laser ablation of the desired adhesive
junctions followed by assessment of the energy required to disrupt these junctions via contact
force measurements while simultaneously imaging changes in signal transduction using
fluorescent protein reporters.
Hydrogel erosion was also applied to hMSCs encapsulated in photolabile, bioactive
PEGdiPDA hydrogels that were monitored for their ability to spread and undergo
chondrogenic differentiation in response to photolytic degradation.[30] hMSCs initially
exhibited a rounded morphology, but upon local photolytic degradation, formed filopodial
extensions and displayed enhanced spreading (Fig. 10B). This phenomenon occurred
primarily due to a reduced crosslinking density and subsequently increased molecular
porosity due to degradation as was demonstrated with hMSC spreading in gradient degraded
hydrogels.[69] The cell-adhesive peptide sequence, RGDS, was conjugated to NBE moieties to
create hydrogels with dynamically tunable cellular adhesivity.[30] In comparison to hMSCs
cultured in constant RGDS hydrogels, hMSCs cultured in photocleavable RGDS hydrogels
demonstrated higher G G (glycosaminoglycans) production, reduced α vβ3 integrin
expression (due to loss of cell adhesion), reduced expression of CD105 (hMSC marker), and
increased expression of COLII (chondrocyte marker), demonstrating enhanced chondrogenic
differentiation through dynamic photomanipulation of ECM composition without altering
mechanical properties (Fig. 10B).[30] These studies demonstrate that controlled material
degradation and biochemical modification of hydrogel matrices can locally regulate the ECM
composition which in turn can be used to obtain desired cellular morphologies or function
and spatiotemporal control over tissue characteristics. More importantly, the decoupling of
hydrogel mechanical properties from ligand concentration can be achieved via 2P photolysis,
and their individual roles on cellular phenotype and 3D behavior investigated.
Another important application in this area of research is the control and manipulation of cell
adhesion on laser-treated biomaterial interfaces. Laser structuring of biomaterial surfaces
creates micron-scale or sub-micron scale features that influence surface wettability,
roughness, and hydrophobicity.[25,125,126] These surface characteristics modulate how cells
sense the biomaterial surface through focal adhesions and lamellipodial/filopodial extensions.
A number of biomaterial surfaces including poly(dimethyl siloxane) (PDMS), photocurable
ORMOCER (organically modified ceramic), and biodegradable poly(lactide-co-glycolide)
(PLG) were subjected to laser microstructuring under a range of laser fluences (0.34-1.69
J.cm-2) to obtain surfaces with varying feature densities, roughness, and hydrophobicities.[127]
NIH-3T3 fibroblasts and PC12 neuronal cells demonstrated cell type-dependent spreading
and morphology which was significantly different from those on smooth, polished
surfaces.[127] NIH-3T3 fibroblasts were more responsive to surface roughness compared to
PC12 cells, forming a higher density of lamellipodia and focal adhesion sites on surfaces with
lower roughness and appearing more round and less adhesive on surfaces with higher
roughness. Considering that surface roughness and hydrophilicity are interdependent, it is
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necessary to attain an optimum level of roughness (and hence, hydrophilicity) through careful
manipulation of laser fluence that would eventually facilitate a high degree of cell
attachment. However, introduction of very sharp surface features can adversely affect cell
viability in two ways: 1) reduction of cell-substrate contact and focal adhesion site formation
and 2) in extreme cases, puncturing or rupturing of cell membranes.[128]
Though a majority of cell-adhesion studies have been conducted using stiff biomaterial
surfaces, the principle of laser-based structuring can also be extended to softer hydrogel
interfaces or ECM protein-coated substrates to interrogate cell adhesion and
interactions.[129,130] Laser-based erosion or structuring has also been extended towards
formation of linear or patterned features on hydrogel surfaces to guide cellular alignment,
morphogenesis, and differentiation (Fig. 10C).[77] The ability to selectively modulate these
features in 3D scaffolds allows for the study of dynamic cellular behavior in response to userdefined matrix microarchitectural features and potentially opens new avenues of research in
cell-material interactions.
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Figure 10. Laser-based manipulation of cellular behavior and cell-material interactions. A)
Laser-based degradation of photolabile EG hydrogel substrates beneath cultured cells‟ adhesion sites
was used to dynamically induce cell retraction. a) Cell adhesion was disrupted by degradation under
cell adhesions at the anterior (yellow circle), posterior (purple oval) or individual filopodial sites (red
triangle). b) Time course of erosion of the photolabile hydrogel substrate (outlined in gray) and
subsequent retraction of GFP-actin transfected mesenchymal stem cells (MSCs). Scale bar = 20 μm
Reproduced with permission.[83] Copyright 2010, RSC. B) a) hMSCs encapsulated in photolabile PEG
hydrogels appear rounded (top panel) but undergo spreading (indicated by white arrows) after
hydrogel degradation using UV irradiation (480 s, 365 nm at 10 mW.cm-2) (bottom panel). Scale bar =
50 μm b) hotolytic removal of tethered RGDS adhesive peptides regulates αvβ3 integrin expression
(top panel) and chondrogenic differentiation (bottom panel) of hMSCs Scale bar = 100 μm
Reproduced with permission.[30] Copyright 2009, AAAS. C) Field emission microscopy images of
NIH3T3 fibroblasts cultured over 3 days on laser-degraded collagen/elastin layers. a) Cells on
unmodified surfaces migrate without any preferred direction. b–d) Cells on laser-modified surfaces
attach and align preferentially along the grooves (indicated by white dashed lines). White dashed
circles indicate individual laser shots and white arrows indicate attached cells. Scale bar = 100 μm (ac) and 10 μm (d) Reproduced with permission.[77] Copyright 2016, Elsevier.

3.2 Fabrication of Scaffolds and Biomaterial Interfaces
The design and fabrication of bio-inspired scaffolds from natural, synthetic, and syntheticnatural hybrids has facilitated their use in tissue engineering applications requiring 3D cell
culture, cellular infiltration, and host integration. Important criteria to consider for successful
implementation of these scaffolds include cell viability and proliferation, host-biomaterial
interactions, scaffold microarchitecture, and structural integrity amongst others. In this
regard, laser-based degradation techniques have been suitably exploited for the fabrication
and development of bioengineered scaffolds for skeletal tissue engineering, neuronal
guidance, on-chip applications, and cell infiltration studies.[24,32,33,131,132] Laser-based
fabrication of tissue scaffolds has been implemented two ways: 1) selective laser sintering
(SLS) of microparticles to create porous, continuous scaffolds via partial melting and 2)
laser-based degradation of scaffolds to create micron-scale porous features on scaffold
surfaces.
In SLS, a blend of polymer microparticles is subjected to a laser beam that is selectively
scanned over the powder surface at a controlled power and scan rate. Depending on the
operating parameters, the laser-polymer interaction can result in nano-scale features on the
polymer surface or selective melting and subsequent fusing of the polymer microparticles to
form a continuous, solid mass. The microarchitectural characteristics (pore size and density,
interconnectivity) of these solid scaffolds can be tuned by modulating the laser operating
parameters or choosing the appropriate blend of polymeric particles that result in the desired
scaffold biofunctionality. Biocomposite blends of poly(vinyl alcohol) (PVA) and
hydroxyapatite (HA) were subjected to SLS treatment to generate scaffolds with defined
microstructures.[33] The laser power and scan speed were varied between 4-20 W and 12705080 mm.s-1 respectively. Too high laser power can cause ignition of samples; hence an ideal
power of 15 W was selected for SLS treatment. Tuning these parameters resulted in scaffolds
that exhibited homogenous dispersion of HA microparticles in the PVA matrix (PVA acts as
the polymeric blender in the biocomposite mixture) with well-defined pore interconnectivity,
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that promoted osteoclast proliferation for treating craniofacial and joint defects (Fig. 11A). In
a similar study, polyetheretherketone (PEEK)-hydroxyapatite (HA) biocomposite blends
were implemented for scaffold fabrication via SLS using laser powers ranging from 9-28 W
and corresponding sintering temperatures of 110°C-140°C.[24] Optimization of these
parameters and HA polymer concentration resulted in successful incorporation of HA into the
polymer matrix and a high degree of pore interconnectivity Notably, the “necking”
phenomenon (fusing of adjacent polymer microparticles into a continuous mass) plays a
major role in the overall polymer matrix formation and the degree of necking can be suitably
modulated via the laser operating parameters to control the scaffold microarchitecture and
structural integrity.
Another laser-based technique for scaffold fabrication implements laser ablation to create
micron-scale pores on biomaterial surfaces for cell infiltration and subsequent
morphogenesis. Electrospun poly(L-lactide) (PLLA) nanofibrous scaffolds were subjected to
ablation via a femtosecond pulsed laser to create structured holes for cell infiltration studies
in vivo.[32] Modulation of the laser energy (10-80 μJ) and number of pulses (1-10 pulses, 35
μJ pulse energy) resulted in holes with diameters of 20-60 μm and corresponding depths of
20-120 μm These structured scaffolds were used to study hMSC adhesion and proliferation
with larger diameter holes promoting more aligned cellular morphologies. Implantation of
these structured scaffolds in mice demonstrated M2 macrophage and endothelial cell
infiltration through the ablated holes over two weeks, thereby establishing the role of the
micron-scale pores in cellular ingrowth and scaffold remodeling (Fig. 11B).[32] This approach
was also used to structure the surface of polyethersulfone (PES) hollow fibers to facilitate
PC12 neuronal cell compartmentalized growth and adult rat neural progenitor cell (NPC)
differentiation. Using a laser fluence of 1.2 J.cm-2 and pulse repetition of 35-50 pulses, 5 μm
diameter circular channels were created on the fiber walls. The laser ablated holes facilitated
axonal ingrowth of PC12 and NPC cells toward the inside fiber walls while restricting the
cell bodies to the outside fiber walls thereby promoting cellular compartmentalization and
neural maturation (Fig. 11C).[131]
These studies demonstrate that laser-based manipulation of biomaterial scaffolds can be
utilized to generate scaffolds with controlled micro-scale features and mechanical properties.
In addition to the applications discussed above, laser-structured scaffolds could potentially be
used to study angiogenic ingrowth and microvascular lumen formation, fibroblast or immune
cell infiltration, cancer cell invasion, and other cellular phenomena of interest.
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Figure 11. Laser-based modification of scaffolds and biomaterial interfaces. A) Selective laser
sintering of hydroxyapatite(HA)/polyvinyl alcohol polymer blends fabricated using 15 W laser power
-1
and a scan speed of 1270 mm.s with a) 10 wt% HA, b) 20 wt% HA and c) 30 wt% HA, 100×
magnification. Circles indicate HA particles. Reproduced with permission.[33] Copyright 2004, KAP.
B) Fabrication of pores via femtosecond laser ablation of electrospun poly(L-lactide) nanofibrous
scaffolds for directing cell adhesion, proliferation, and infiltration. a–f) SEM images of laser-ablated
nanofibrous scaffolds of varying hole size and density a) 50 μm diameter/50 μm spacing; b) 50 μm
diameter/200 μm spacing; c) 100 μm diameter/50 μm spacing; d) 100 μm diameter/200 μm spacing; e)
200 μm diameter/50 μm spacing; and e) 200 μm diameter/200 μm spacing. Scale bar = 200 μm g–l)
hMSCs on corresponding ablated scaffolds labeled for actin (green) and DAPI (blue) for nuclei. m–r)
Endothelial cell infiltration into nanofibrous scaffolds in vivo after 2 weeks. White arrows indicate the
location of ablated holes and white dashed lines indicate scaffold edges. Endothelial cells are labeled
for CD31 (green) and all cells were counterstained with DAPI (blue) for nuclei Scale bar = 100 μm.
Reproduced with permission.[32] Copyright 2012, Elsevier. C) Excimer laser modification of
polyethersulfone hollow fibers to generate microchannels for directing the differentiation of primary
adult rat neural progenitor cells (arrowheads indicate channels and white arrows indicate axonal
growth into channels). a) β-III-tubulin (red) labeled neuronal processes with Hoechst nuclei
counterstain (blue), scale bar = 100 μm b) SEM image, scale bar = 100 μm; c) SEM image, scale bar
= 50 μm; and d) SEM image, scale bar = 5 μm Reproduced with permission.[131] Copyright 2008,
Elsevier.
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3.3 Other Applications
Laser-based degradation and photocavitation have also been applied toward drug delivery,[37]
investigation and regulation of flow in engineered constructs,[34] and miniaturized mechanical
operations [133–135] amongst others.
Transport and diffusion processes within in vitro platforms are an important consideration for
maintenance of cell viability and function. Microfluidic channels within these constructs are
essential for adequate metabolite exchange to prevent tissue hypoxia and necrosis.[136,137]
Though indirect studies of nutrient diffusion can be evaluated using cell viability,
proliferation, or hypoxia assays, constructs with laser-degraded conduits that facilitate
improved mass transport are preferred for creation of large-volume tissue constructs.[138,139] In
this regard, laser-based degradation of hydrogels can be used to create „smart‟ microfluidic
systems for material transport and diffusion-based studies. Fluidic flow within fabricated
microchannels can be tracked in real-time by imaging fluorescent particles and/or small
molecules as they flow through the microchannels and diffuse into the surrounding bulk
hydrogel constructs (Fig. 12A-C).[34–36,82] Transport of fluorescent moieties from one
microchannel to another adjacent microchannel can also be investigated in these systems
(Fig. 12A).[34] This flow phenomenon is important for our understanding of interstitial fluid
flow (IFF). IFF, a critical physiological phenomenon present in healthy tissues, is driven by
increased fluid pressure in the cardiovascular network and concurrent lower pressure in the
lymphatic vasculature, and is a key regulator of biomolecular transport in vivo. Recapitulation
of IFF through tissue engineered constructs is important towards studying the role of
metabolite exchange on various cellular processes.[140,141]
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Figure 12. Macromolecular flow and transport in microfluidic constructs. A) Flow and diffusion of
dextran (red) and bovine serum albumin (BSA; green) in two independent, yet intertwining channels
as modeled through a CAD simulation and observed experimentally within laser-degraded channels in
PEGDA hydrogels. Time-lapse confocal microscopy of diffusion phenomena between channels and
quantification of fluorescence intensities of molecules through and between the channels over time.
Reproduced with permission.[34] B) a) Time-lapse of dextran flow and b) a 10 μm polystyrene bead
flow (indicated by white arrows) through a laser-degraded rectangular channel embedded in a
PEGDA hydrogel Scale bars = 50 μm c) 2 μm polystyrene microspheres flowing through
microchannels in a PEGDA hydrogel under static and flow conditions Scale bars = 20 μm d)
Time-lapse of fluorescent dextran diffusing from a planar microfluidic network into the surrounding
EGD Scale bar = 50 μm (white arrows indicate direction of flow in (c) and (d)). Reproduced with
permission.[82] Copyright 2017, JoVE. C) a) Schematic of FITC-dextran diffusion through a singlesource model and b) a source-sink model. Arrows indicate direction of flow through laser-generated
microchannels in PEG hydrogels (shown by white dashed lines). Corresponding time-lapse
fluorescence images of diffusion and analysis of diffusion profiles for both models. c–d) Brightfield
images of superimposed and aligned microfluidic networks with flowing polystyrene microbeads
through the upper and lower channels. e–f) Evolving microfluidics via in situ formation of new
microchannels to redirect flow of FITC-dextran from one channel to another Scale bars = 100 μm
Reproduced with permission.[35]

Additionally, laser-based degradation can be performed at varying scan speeds and intensities
to degrade hydrogels to differing extents and thereby investigate the influence of matrix
porosity and void volume on macromolecular transport and size-based molecular separation
(Fig. 13A).[34] Changes in crosslinking density have also been altered to facilitate control of
species transport (Fig. 13B).[69] These post-gelation modifications of porosity are important
tools in engineering of sized-based separation of particulates and biomolecules.
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Figure 13. Controlled laser-based hydrogel degradation to spatially regulate hydrogel porosity. A) a–
b) Control of hydrogel porosity through variation of the laser scan speed at constant fluence as
evidenced through quantification of fluorescence intensities of Eosin Y, PEG-RGDS, and diffusion of
10 kDa and 2000 kDa dextran through the degraded channels. c) Size-based separation of fluorescent
species by local control of hydrogel porosity across a linear distance under a flow rate of 10 μl min–1
and quantitative measurement of fluorescence intensities of separated species. Scale bars = 50 μm
Reproduced with permission.[34] B) a) Schematic of the different modes of degradation of photolabile
hydrogels via flood irradiation and their corresponding attenuated intensity profile through the depth
of the hydrogel. b) Induction of degradation gradients in photolabile hydrogels via gradient irradiation
or via attenuation of flood irradiation through the hydrogel thickness over time (2.5, 5, or 8 min) and
corresponding changes in normalized crosslinking densities Scale bars = 100 μm Reproduced with
permission.[69]

The implementation of laser-based ablation and associated thermo-mechanical events can
also be extended to micro-manipulation and microfluidic operations. Two broad approaches
have been employed to direct these processes: 1) generation of micron-scale features on the
surface or within 3D material interfaces to enable guided manipulation of liquid behavior and
2) micro-mechanical perturbation of fluidic systems using laser-induced photocavitation and
shock wave generation. As an example of the first approach, groove-like features were
patterned on the surface of microfluidic channels of a PDMS slab via femtosecond laser
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ablation which facilitated mixing of two fluids via induction of 3D twisting co-axial flow.[142]
Another group explored the potential of creating 3D high aspect ratio microchannels in glass
to induce liquid mixing under laminar flow.[92,143,144] Liquid mixing via enhancement of
diffusion phenomena, though made possible by laser-based microfabrication techniques, are
still limited towards creation of high aspect ratio channels requiring intricate design features
and complex fluid flow patterns which necessitates the generation of local turbulence and
mechanical disruptions to induce rapid mixing.
In the second approach, laser-based photocavitation and subsequent bubble collapse have
been implemented for turbulent fluid mixing and induction of local fluid pumping.[134,145] A
focused laser beam is used to induce local thermal heating of one fluid phase leading to vapor
generation and bubble formation. The mechanical shock associated with subsequent bubble
collapse is exploited for directing turbulence, fluid shear stress, and mixing phenomena in
very small but concentrated regions.[134] Optimization of laser power, focal position, and
microfluidic design can induce variations in bubble size and dynamics, mechanical shock
effects and subsequent mixing efficiency[145], which could eventually be used to control
chemical reactions in small-volume systems.[133] These laser-based fluid manipulation
techniques have also been applied to other processes including droplet generation via
microfluidic channel fabrication in polystyrene[146] or via laser-induced photocavitation in
PDMS microdevices,[135] microfluidic fluorescence activated cell sorting,[145] and
characterization of protein adsorption and immunosorption kinetics within laser-ablated PET
microchannels.[147]
One potential application of laser-based degradation of materials lies in selective release of
entrapped biomolecules and drug delivery. Laser-based degradation for drug delivery
provides controlled release of encapsulated biomolecules within polymeric scaffolds and has
been applied in in vitro systems[148,149] and in cancer and ophthalmologic treatments.[37,150]
Though theoretically implementable, these techniques suffer from some limitations which
make it practically difficult for clinical translation. These limitations include: 1) the depth of
the implanted, drug-loaded scaffold within the tissue that can still be reliably subjected to 2P
degradation, 2) poor optical clarity and a high degree of scattering when passing through
tissue, 3) non-specific release of entrapped drug even in the absence of laser excitation, 4)
associated side-effects on surrounding healthy tissue due to repeated application of a 2P laser,
and 5) optimal setup of bulky 2P laser systems with current intra-operative techniques.
Laser-based degradation, ablation, photolysis, and photocavitation have been implemented
over a broad application space via rational design and implementation of laser-material
interactions, optimization of laser operating parameters, and with a high degree of userdefined, spatiotemporal control. Biofabrication of microfluidic platforms, on-chip devices,
and micron-scale functional units can be realized using these techniques. Micro-mechanical
operations employing laser-induced mechanical and thermal excitation phenomena can
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facilitate fluid operation processes on small volumes and thereby miniaturize medium- or
large-scale applications requiring preliminary testing at high-throughput scales.
4. Future Perspectives and Challenges
Tissue-engineered constructs employ 3D culture of hydrogel-embedded cell populations,
thereby facilitating enhanced recapitulation of native microphysiology and improved in vitro
functionality. Laser-based degradation, though useful in creating controlled 3D features
within hydrogel matrices, could potentially present adverse side effects on encapsulated cells.
Hence, optimization of laser operating parameters is necessary to maintain desired tissue
function and cell viability when using laser-based degradation to structure cell-laden
hydrogels.
Early studies employing laser-based degradation of cell-encapsulated hydrogels created
channels adjacent to encapsulated dorsal root ganglia to encourage neuronal outgrowth in
PEGylated protein hydrogels,[31,84,85,116] or from tumor spheroids to monitor collective cancer
cell migration in collagen hydrogels.[41] Later attempts to create void space or microfluidic
networks employed laser-based degradation to remove hydrogel (and any encapsulated cells
in the focal volume) from specific regions, leaving the bulk of the material (and encapsulated
cells) intact.[29] Degradation of hMSC-laden, silk-fibroin hydrogels using a Ti:S laser
(wavelength: 810 nm, pulse duration: 100 fs, frequency: 80 MHz, pulse energy: 2-5 nJ)
reported that cell death only occurred in the direct laser path and that cells above, below, and
adjacent to the degraded volume maintained normal viability.[29] Similarly, hMSCs
encapsulated in PEG hydrogels that were directly adjacent to the degraded volume also
survived when using a 355 nm nanosecond pulsed laser at 0.0001 MHz.[35]
Laser-based degradation has also been used for cell surgery applications, including
cytoskeletal disruption,[151] mitochondrial removal,[151,152] cell membrane perforation for
DNA transfection,[153] and intranuclear scission of chromosomes.[154] The primary concern in
cell surgery applications is the minimization of any generated thermal load; this can be
achieved by decreasing the repetition rate to 1 MHz or less (to allow sufficient time for heat
to dissipate between successive pulses), and by ensuring that the pulse energy does not
exceed 2 to 3 nJ.[151] Furthermore, the criticality of the scanning mode for a particular
application needs to be considered, as scanning irradiation can cause more cellular damage
than locally confined irradiation.[48]
For applications involving laser-based degradation of cell-laden, non-photolabile hydrogels,
the potential exposure of cells to laser-generated plasma, cavitation bubbles, shock waves,
and temperature increases should be considered. As the degradation process is driven by
laser-induced optical breakdown, the threshold for material degradation and cell damage are
both of interest. Laser parameters including wavelength, power, scan speed, pulse frequency,
pulse duration, and focusing conditions including objective magnification and NA, have a
synergistic influence on the total energy delivered, and subsequently on the degradation
threshold. The threshold for optical breakdown being proportional to the square root of the
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pulse duration,[56] lower energy is required to ablate hydrogels using femtosecond pulses
rather than pico- or nanosecond pulses. Careful tuning of these parameters helps minimize
cellular damage and allows cells to recover over time despite undergoing some degree of
laser-induced damage.
The study of laser-based degradation and the impact of cavitation bubbles and resultant shock
waves have been investigated for ophthalmic surgery to minimize collateral damage to
nearby tissues.[57] Early development of ophthalmic surgery used pulsed laser sources with
nanosecond pulse durations,[57] which resulted in a large diameter shock zone and cavitation
bubbles on the millimeter scale, thus diminishing the surgical resolution of the technique.[58]
Using picosecond (and even better, femtosecond) pulse trains, reduces the diameter of both
the shock zone and cavitation bubble to the micron scale.[56,155,156] The numerical aperture of
the objective also has a large impact on the degradative process. Use of a high NA objective
results in a smaller focal volume, and thus, due to localized energy deposition, demands a
lower amount of input energy for degradation to occur and also higher resolution features.[151]
More recently, emphasis has been placed on reducing the total energy delivered to the
material, while still allowing the critical degradation threshold to be met. To illustrate, a Ti:S
laser operating at 800 nm with 100 fs pulses produced pulses with energies of 1, 10, and 30
mJ; and the resultant shock wave extended 11, 17, and 20 µm, respectively from the focal
volume.[57] In contrast, the pulse energy for the Ti:S laser source used in a more recent study
was 37.5 nJ/pulse, or a 1x106 order decrease in the amount of energy delivered per pulse,
which should minimize any resultant shock wave.[34] Degradation at this pulse energy did not
extend outside the intended region.[34] Due to a wide range of potential optical systems and
experimental setups available for laser-based hydrogel degradation, it is recommended that
cell integrity be quantified in each scenario using a cell viability stain,[29,35] an AlamarBlue
assay for metabolic activity[70] or propidium iodide to dynamically monitor nuclear and cell
membrane integrity.[157,158]
To avoid any unwanted cellular exposure to cavitation bubbles or shock waves altogether,
photolabile gels are preferred which undergo rapid chemical scission under very low energy
compared to other degradation mechanisms. The most widely used photodegradable
hydrogels employ a nitrobenzyl ether group in polymer backbone[30,69,70,83,159] that can absorb
and degrade under UV flood light (with or without a photomask) and focused 1P or 2P laser
sources.[70] In the presence of cells, these photolabile gels have been degraded to dynamically
control cellular migration[28] and/or axonal extension from embedded clusters of cells,[71]
cellular migration into or within channels,[30] cell adhesion to hydrogel surfaces,[83,160] cell
spreading within 3D hydrogels,[30,69] and chondrogenic cellular differentiation.[30] These
hydrogels can also be exposed to a flood source of light to recover cell populations from
particular regions within a gel for further study and analysis.[28,161] A PEG-based hydrogel
formulation has been developed to allow photopolymerization via efficient light-based
activation of a photoinitiator above 400 nm and photodegradation via scission of a
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commercially-available photolabile peptide moiety when exposed to 365 nm light, thereby
allowing efficient photopolymerization and photodegradation in the same hydrogel.[162]
Some additional aspects of laser-based degradation that need to be considered for practical
implementation include feature resolution, scalability, reproducibility, time needed for
efficient degradation, and depth of light penetration; all of which are dependent on the laser
and target material characteristics. In terms of resolutions achievable, laser-based degradation
techniques are comparable with other biofabrication techniques including 3D bioprinting and
stereolithography. In the case of 3D bioprinting, feature resolutions vary from ~50 μm (inkjet
printers) to < 5 μm (laser-based printers) based on a wide variety of currently available
bioinks.[12,163,164] Current improvements in stereolithographic techniques have enabled
resolutions of < 5 μm [1,165] Laser-based degradation techniques have also facilitated feature
generation with resolutions of 3-10 μm for EGD gels,[34,35] 1-5 μm for photolabile gels and
collagen gels,[69,70,75,83] and even < 1 μm for silk and EG-fibrinogen gels.[29,31] However, the
resolution attained depend upon the laser properties and optical system (objective NA and
refractive index of the medium) used, in addition to the material characteristics. The matrix
characteristics including stiffness, crosslinking density, and swelling ratio may also influence
the resolution and efficiency of the degradation process. Synthetic hydrogels with a low twophoton cross-section which degrade via water-dominated mechanisms may be sensitive to
these factors. An increase in the relative polymer content or crosslinking density results in
higher matrix stiffness and lower swelling. A reduced water content and subsequent increase
in polymer density may require increased energy for degradation although these material
influences have not been thoroughly investigated.
Image-guided degradation offers unique opportunities in tissue-engineering that have
remained underutilized. The ability to implement user-developed CAD architectures or highresolution 3D images of tissue have provided the ability to model lymphatic-cardiovascular
transport and biomimetic microvascular networks respectively.[34] Combining image-guided
degradation with microfluidic devices that provide multiple inlets and outlets could be
implemented to recapitulate the multicellular architecture of complex tissues. Using nonenzymatically degradable hydrogels could allow for multiple cell types to be cultured in
desired 3D spatial organizations, with each cell type confined to its own architecture, via
microfluidic delivery or migration processes. The same approach could be applied using
MMP-sensitive hydrogel formulations for directed self-assembly processes where cells are
originally deposited in a desired 3D spatial organization at an initial time point using
guidance conduits and then allowed to self-assemble into their own, but guided, final
architecture. In either case, multiple rounds of image-guided degradation, followed by
photopolymerization of cells suspended in a prepolymer solution flown into the degraded
architectures, would allow fabrication of complex tissue constructs containing multiple cell
types in physiological architectures. Additionally, this approach could allow for each cell
type to be encapsulated in its own microenvironment as dictated by the composition of the
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prepolymer solution it was suspended and crosslinked in. These approaches to creating highresolution, heterogeneous tissue constructs containing multiple cell types in predefined,
physiological architectures could significantly advance the field of tissue engineering.
However, laser-based degradation is limited in two aspects: 1) scalability and 2) depth of
light penetration (or working distance). In its present form, laser-based degradation is
restricted to small volumes and surface areas depending on the laser scan speed and exposure
time which limits its use in generating large-volume tissue constructs. Hence, it would be
prudent to complement laser-based degradation with other biofabrication techniques such as
3D printing or stereolithography to obtain user-defined features over multiple length scales in
a large volume construct in a timely and efficient manner. Additionally, laser-based
degradation requires the target material to be optically transparent (particularly to the
wavelength of laser light source of interest) to obtain deeper light penetration with minimal
attenuation and scattering.
The scalability of laser based degradation is also associated with the time requirements of the
degradation process. To provide a perspective of the time scale, consider the following three
cases: 1) a 5% w/v 3.4 kDa PEGDA hydrogel (water-dominant) degraded at 790 nm using a
laser power of 700 mW,[82] 2) a 2.5 mg/ml collagen I hydrogel (protein-rich) degraded at 900
nm using a laser power of 370 mW, and 3) a 10% w/v PEGdiPDA hydrogel (photolabile)
degraded at 740 nm using a laser power of 100 mW.[70] The respective laser scan speeds for
complete degradation in these three scenarios are 1) 20000 μm.s-1, 2) 40000 μm.s-1, and 3)
114000 μm.s-1, assuming a uniform lateral resolution of 0 18 μm pixel-1 (unpublished data).
To degrade a rectangular channel of dimensions 1000 μm 100 μm 100 μm, the time
required to degrade the PEGDA, collagen, and PEGdiPDA hydrogels is estimated to be ~8, 4,
and 1.5 minutes respectively, not including the time the laser to move between end locations
during scanning, which is typically negligible if set up properly. Similarly, assuming a
scale-up of the degradation process to fabricate a complex 3D cerebrovascular capillary bed,
the time required for a PEGDA, collagen, and PEGdiPDA gel is approximately 1.4, 0.7, and
0.25 hours respectively.[82] As discussed earlier, the choice of laser, material, and the optical
setup influence the dominant degradation mechanism and play significant roles in
determining the degradation efficiency. Photolabile hydrogels tend to degrade the fastest with
the highest resolution due to direct chemical scission of the polymer chains while protein-rich
hydrogels degrade intermediately due to a high 2P absorption coefficient. PEGDA hydrogels,
owing to their low 2P absorption coefficient, degrade indirectly via water-mediated
mechanisms and hence display the slowest degradation rate and lowest resolution. Overall,
for the implementation of laser-based degradation for cell and tissue engineering applications,
the operating parameters must be optimized to obtain the fastest and most efficient
biomaterial degradation while still maintaining high cell viability and function in the bulk
construct.
5. Conclusions
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Laser-based degradation of hydrogels and biomaterials provides new capabilities which are
of interest in many fields of increasing attention including vascular modeling, neural
regeneration, 3D microfluidics, cell-material interactions, and microphysiological models.
Implementation of these techniques will require consideration and careful optimization of
laser and material parameters. Tuning of these parameters should help achieve the desired
degree of degradation at the fastest and most efficient manner while minimizing unwanted
side effects. Though the application of laser-based degradation within hydrogels is in its
nascent stage, the continued improvement in laser and optical systems, combination with
other larger-scale fabrication techniques, and wide adoption for biofabrication will ultimately
provide significant advancements in the field of cell and tissue engineering and regenerative
medicine.
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The fundamental mechanisms, based on laser and hydrogel properties, that mediate
laser-based hydrogel degradation are discussed here, and the current application space in
cell and tissue engineering are presented. The aim is to acquaint readers with the capabilities
and limitations of laser-based hydrogel degradation so that it may be easily and widely
adopted for biofabrication and other applications.
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